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The motor domain and the regulatory domain of myosin solely
dictate enzymatic activity and phosphorylation-dependent
regulation, respectively
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ABSTRACT While the structures of skeletal and smooth
muscle myosins are homologous, they differ functionally from
each other in several respects, i.e., motor activities and
regulation. To investigate the molecular basis for these dif-
ferences, we have produced a skeletalysmooth chimeric myo-
sin molecule and analyzed the motor activities and regulation
of this myosin. The produced chimeric myosin is composed of
the globular motor domain of skeletal muscle myosin (Met1–
Gly773) and the C-terminal long a-helix domain of myosin
subfragment 1 as well as myosin subfragment 2 (Gly773–
Ser1104) and light chains of smooth muscle myosin. Both the
actin-activated ATPase activity and the actin-translocating
activity of the chimeric myosin were completely regulated by
light chain phosphorylation. On the other hand, the maximum
actin-activated ATPase activity of the chimeric myosin was the
same as skeletal myosin and thus much higher than smooth
myosin. These results show that the C-terminal light chain-
associated domain of myosin head solely confers regulation by
light chain phosphorylation, whereas the motor domain de-
termines the rate of ATP hydrolysis. This is the first report,
to our knowledge, that directly determines the function of the
two structurally separated domains in myosin head.

Myosin, an actin-dependent motor protein, is distributed in
diverse cell types and plays a crucial role in cell contractility
and motility (1). While the structure of myosins is highly
conserved, their functions are quite diversified, and each
myosin molecule is characterized by its unique enzymatic
activity, actin-translocating activity, and mode of regulation.
However, the molecular basis of the functional divergence has
not been understood yet.
Myosin found in striated muscle has high ATPase activity

and fast actin sliding velocity, and requires thin filament
regulatory proteins, troponinytropomyosin, for its regulation
(2). That is, striated muscle myosin shows its motor activity
without phosphorylation, and the troponinytropomyosin sys-
tem inhibits myosin motor activity when Ca21 is dissociated
from troponin C molecule, a subunit of troponin complex. On
the other hand, motor activity of vertebrate smoothmuscle and
nonmuscle myosins is regulated by phosphorylation of its
regulatory subunit (light chain) and generally has amuch lower
ATPase activity and actin-translocating activity (3, 4). The
phosphorylation takes place at Ser19 of the 20-kDa light chain
subunit catalyzed by a Ca21ycalmodulin-dependent protein
kinase, myosin light chain kinase, and the phosphorylation is
prerequisite for smooth muscleynonmuscle myosin motor ac-
tivity. Furthermore, smooth muscleynonmuscle myosins are

characterized by their change in the conformation, known as
10S–6S conformational transition (5–13). 10S myosin has a
folded conformation that is not found in striated muscle
myosin, and the formation of this conformation is character-
ized by the inhibition of Mg21- or Ca21-ATPase activity (7, 10)
and thick filament formation (13). Of interest is that phos-
phorylation destabilizes the formation of 10S conformation
(7–9).
According to the known three-dimensional structure of

chicken adult skeletal muscle myosin subfragment 1 (S1) (14),
the myosin head domain is composed of an N-terminal glob-
ular motor domain from Met1 to Gly770 and a long a-helix
domain that extends from Leu771 to Val826 of the C-terminal
domain of the S1 heavy chain. The long a-helix domain
contains the two classes of light chain-binding regions and is
clearly separated from the dense globular motor domain,
suggesting that the protein folding at the globular motor head
domain is not influenced from the long a-helix domain. This
view is supported by the finding that the globular motor head
domain by itself exhibits motility activity (15, 16). In this study,
we produced a chimeric myosin heavy chain (MHC) contain-
ing a globular motor domain (Met1–Gly773) of skeletal myosin
and a light chain-binding domain as well as myosin subfrag-
ment 2 (S2) (Gly773–Ser1104) of smooth myosin to clarify the
molecular basis of dictating the differences in the function
between skeletal and smooth myosins. The results show that
the C-terminal light chain-associated domain of myosin head
solely confers regulation by light chain phosphorylation,
whereas the motor domain determines the rate of ATP
hydrolysis.

MATERIALS AND METHODS

Protein Preparation. Actin was prepared from rabbit skel-
etal muscle acetone powder (17). Smooth and skeletal myosin
light chain kinases were prepared as described (18). Calmod-
ulin was prepared from bull testes (19). Smooth muscle myosin
was prepared from turkey gizzards (20), and heavy meromy-
osin (HMM) as well as S1 was prepared by Staphylococcus
aureus protease digestion (21). Skeletal muscle myosin was
prepared from chicken pectoralis, and HMM was prepared by
a-chymotrypsin digestion (22).
Expression and Purification of Chimeric Myosin. An ApaI

site was created 2319 bp from the initiation codon in chicken
skeletal MHC by using a transformer site-directed mutagen-
esis kit (CLONTECH). AnotherApaI site was introduced 2337
bp in a truncated chicken gizzard MHC cDNA containing an
introduced stop codon at base pair 3331 (23, 24). These unique
ApaI sites were used to generate a cDNA encoding a 127-kDa
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Gly773–Ser1104 are smooth) (Fig. 1). One amino acid residue
change consequent to generation of restriction sites, i.e., Val774
3 Pro was corrected by the second mutagenesis after the
chimeric MHC cDNA was subcloned into pBluescript II
SK(2) (Stratagene). This cDNA was digested with SpeI and
subcloned into a baculovirus transfer vector pBlueBacM (In-
vitrogen) using an unique NheI site.
Two cDNA clones encoding 20-kDa RLC and 17-kDa ELC

were obtained from a chicken gizzard cDNA library and
subcloned into pT7-7 Escherichia coli expression vector (25).
The cDNAs were excised with XbaI digestion and subcloned
into the pBlueBacM using an NheI site.
Recombinant baculovirus was obtained for each cDNA

construct by the protocols recommended by the manufacturer
(Invitrogen). Sf9 cells were coinfected with the recombinant
viruses expressing chimeric MHC, smooth RLC, and smooth
ELC (23, 24, 26, 27). The expressed chimeric myosin was
purified as described (24).
Gel Electrophoresis, ATPase Assay, and in Vitro Motility

Assay. SDSyPAGE was carried out on a 7.5–20% polyacryl-
amide gradient slab gel. Immunoblot and nondenaturing gel
electrophoresis were performed as described (24). ATPase
activity wasmeasured as described by Ikebe andHartshorne (20).
The in vitro motility assay was performed as described (24).

A monoclonal antibody, MM9, which recognizes the S2 por-
tion (Ala873–Ser944) of chicken smooth myosin (28) was used to
bind the chimeric myosin as well as smooth HMM to the
nitrocellulose surface.
Analytical Ultracentrifugation. Sedimentation velocity

analysis was performed at 208C on a Beckman model-E
analytical ultracentrifuge. Sedimentation patterns were ac-
quired with an on-line Rayleigh system (29) and converted into
concentration versus radius every 20 s. Sapphire cell windows
were used, and the camera was focused at the 2/3 plane of the
cell. The apparent sedimentation coefficient distribution func-
tions were computed as described by Stafford (30, 31).
Electron Microscopy. Myosin sample ('3 mgyml) in a

solution containing 2 mM MgCl2, 0.3 mM DTT, 1 mM ATP,
20 mM TriszHCl (pH 7.5), 30% glycerol, and 0.01 or 0.4 M KCl
was adsorbed onto a freshly cleaved mica surface for 30 s.
Unbound protein was rinsed away, then the specimen was
stabilized by brief exposure to uranyl acetate as described (32).
The specimens were visualized by the rotary shadowing tech-

nique according to Mabuchi (33) with an electron microscope
(Phillips Electronic Instruments, Mahwah, NJ; model EM 300)
at 60 kV.
Statistical Analysis. Student’s t test was used for statistical

comparison of mean values. A value of P , 0.01 was consid-
ered to be significant.

RESULTS

Expression and Purification of the Chimeric Myosin. The
skeletalysmooth chimeric MHC contains 1104 amino acid
residues with calculated molecular mass of 127 kDa, thus
containing entire S1 and S2. We chose to produce the heavy
chain construct containing both S1 and S2 portions as it has
been shown that the two-headed structure of myosin is critical
for the phosphorylation-mediated regulation of smooth myo-
sin function (23, 24, 34), and the S2 portion is necessary for a
stable two-headed structure (23, 24, 27).
The chimeric MHC was coexpressed with smooth RLC and

ELC. The purified chimeric myosin contained anMHCwith an
apparent molecular mass of 127 kDa, a 20-kDa RLC, and a
17-kDa ELC, respectively (Fig. 2A). Stoichiometry of the three
polypeptides was 1:1.11:1.02, based upon gel densitometry,
indicating that the recombinant myosin consisted of one heavy
chain and one of each class of light chains, as in naturally
isolated myosin. To confirm the authenticity of the chimeric
MHC, immunoblot analysis was performed using antibodies
recognizing the 50-kDa motor head domain of skeletal MHC
and the S2 portion of smooth MHC, respectively. The former
antibody recognized the chimeric MHC and the naturally
isolated skeletal MHC but not the smoothMHC (Fig. 2B). The
antibody recognizing the 25-kDa N-terminal domain of skel-
etal MHC also reacted with the chimeric MHC (data not
shown). On the other hand, the anti-smooth muscle S2 anti-
body reacted with both chimeric and smooth myosins but not
with skeletal myosin (Fig. 2C). These results clearly show that

FIG. 2. Isolation of the chimeric myosin.(A) SDSyPAGE (7.5–12%
gel gradient) of myosin fragments. Lanes: 1, skeletal muscle myosin;
2, skeletal muscle HMM; 3, purified skeletalysmooth chimeric myosin;
4, smoothmuscle myosin; 5, smoothmuscle HMM; 6, molecular weight
standard. (B) Immunoblot of the myosin fragments using a monoclo-
nal antibody, 50KD, which recognizes a 50-kDa fragment of chicken
skeletal muscle myosin S1. Lanes: 1, skeletal muscle myosin; 2,
chimeric myosin; 3, smooth muscle myosin. (C) Immunoblot of the
myosin fragments using a monoclonal antibody, MM9, which recog-
nizes the S2 portion of chicken smooth muscle myosin. Lanes: 1,
skeletal muscle myosin; 2, chimeric myosin; 3, smooth muscle myosin.
(D) Nondenaturing gel electrophoresis of myosin fragments. Lanes: 1,
smooth muscle HMM; 2, chimeric myosin; 3, smooth muscle myosin S1.

FIG. 1. Construction of skeletalysmooth chimeric MHC. Sche-
matic drawing of skeletalysmooth chimeric MHC construct. A chi-
meric MHC cDNA was produced by ligating skeletal MHC cDNA
containing the 59 2319 bp corresponding to the globular motor domain
and a smooth MHC cDNA containing 993 bp corresponding to the
C-terminal long a-helix domain of S1 and S2. ELC, essential light
chain; RLC, regulatory light chain.
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the purified chimeric myosin contains the skeletal myosin
globular motor domain and the smooth myosin S2 domain, as
expected from the cDNA construct.
It has been shown that the two-headed structure is critical

for the phosphorylation-dependent regulation of smooth mus-
cle myosin motor activity (23, 24, 34). Nondenaturing gel
electrophoresis was employed to determine whether the ex-
pressed chimeric myosin forms a double-headed structure or
a single-headed structure. As shown in Fig. 2D, the entire
fraction of the chimeric myosin migrated at the same position
as naturally isolated smooth HMM but much slower than
naturally isolated smooth S1, suggesting that the chimeric
myosin forms a stable double-headed structure.
Vmax of the Actin-Activated ATPase Activity of the Chimeric

Myosin. The actin-activated ATPase activity of the chimeric
myosin was significantly enhanced by RLC phosphorylation, as
was the naturally isolated smooth HMM but not the skeletal
HMM (Table 1), whereas the apparent dissociation constant
for actin, Ka, of the chimeric myosin was similar to skeletal
HMM (data not shown). On the other hand, the rate of ATP
hydrolysis of the phosphorylated form of the chimeric myosin
was much higher than that of the smooth HMM and did not
significantly differ from that of the skeletal HMM. These
results clearly demonstrate that the C-terminal domain of S1
composed of a long a-helix of the MHC with two classes of
light chains is responsible for regulation by phosphorylation of
the RLC regardless of the nature of the globular motor
domain. The results also suggest that the rate of ATP hydro-
lysis is solely determined by the nature of the globular motor
domain, and the C-terminal domain of S1 including the two
classes of light chains does not apparently influence the
ATPase cycle rate.
Actin-Translocating Activity of the Chimeric Myosin. Table

2 shows the actin-translocating velocity of the recombinant
myosin fragments as well as the naturally isolated HMMs.
Consistent with the actin-activated ATPase activity, the in vitro
motility activity was completely regulated for the naturally
isolated smooth HMM but not for the skeletal HMM. The
recombinant smooth 128-kDaMHC fragment containing both
light chains showed the same phosphorylation-dependent ac-
tin-translocating activity as the naturally isolated smooth
HMM, indicating that the expressed myosin is properly folded
in Sf9 cells and retains native conformation. Consistent with
the actin-activatedATPase activity, actin-translocating activity
of the chimeric myosin was completely dependent on the RLC
phosphorylation. On the other hand, the actin-translocating
velocity of the chimeric myosin was much slower than that of
the skeletal HMM in contrast to the ATPase activity, indicat-
ing that the actin sliding velocity is not solely determined by the
globular motor domain but is influenced by the C-terminal
regulatory domain of myosin head.

Effect of Ionic Strength on the ATPase Activity of the
Chimeric Myosin. It is known that smooth myosin or HMM
forms a flexed conformation in low ionic strength (5–9) which
is characterized by low Ca21 and Mg21 ATPase activity of
myosin (7, 10, 12, 35). As KCl concentration increased, the
EDTA-ATPase activity of the chimeric myosin increased as is
found in both skeletal and smooth HMMs (data not shown).
On the other hand, the Ca21-ATPase activity of the chimeric
myosin was decreased at low ionic strength similar to the
smooth HMM (Fig. 3). In contrast, the Ca21-ATPase activity
of the skeletal HMM increased at low ionic strength. Since
depression of Ca21-ATPase is known to be correlated to the
formation of the flexed conformation (7), the result suggests

Table 1. Actin-activated ATPase activity of the myosin fragments

Myosin
fragments

Vmax, S21

Phosphorylated Dephosphorylated

Skeletal HMM 4.67 6 0.40 4.50 6 0.41
Smooth HMM 0.86 6 0.09 0.06 6 0.01
Chimeric myosin 4.32 6 0.03 0.48 6 0.01

Actin-activated ATPase activity was measured at 258C in 0.01
mgyml myosin fragment, 0.03 mMATP, 60 mMKCl, 30 mMTriszHCl,
pH 7.5, 8 mM MgCl2 with various concentrations of F-actin. To
measure the activity of phosphorylated myosin, 0.2 mM CaCl2, 15
mgyml myosin light chain kinase, and 10 mgyml calmodulin were
added, whereas 1mMEGTAwas added for the dephosphorylated one.
Results are means 6 SD of three independent preparations. A
computed nonlinear least-squares curve-fitting program was used to
estimate the maximum actin-activated ATPase activity (Vmax) and the
apparent dissociation constant for actin (Ka) based on the equation V
5 Vmaxy(1 1 Kay[actin]).

Table 2. Sliding velocity of actin filament on the myosin
fragments

Myosin fragment

Sliding velocity,* mmys

Phosphorylated Dephosphorylated

Skeletal HMM 4.78 6 0.78 4.67 6 0.58
Smooth HMM 0.58 6 0.06 0
Expressed smooth 128-kDa
fragment† 0.59 6 0.11 0

Chimeric myosin 0.12 6 0.03 0

*Actin movement was observed in 30 mM KCl, 5 mM MgCl2, 25 mM
imidazole, 1 mM EGTA, 1% 2-mercaptoethanol, 0.5% metylcellu-
lose, 4.5 mgyml glucose, 216 mg/ml glucose oxidase, 36 mg/ml
catalase, 2 mM ATP, pH 7.5 at 258C. All values are mean velocities
6 SD for three independent preparations. For each preparation,
30–40 actin filaments were measured to obtain an average velocity
for each condition.
†Smooth MHC (Met1–Ser1110) was also coexpressed with smooth light
chains in Sf9 cells and purified in the same way for the chimeric
myosin (23, 24).

FIG. 3. KCl dependence of Ca21-ATPase activity of myosin frag-
ments. Ca21-ATPase activity was measured in 0.01 mgyml myosin
fragment, 5 mM CaCl2, 3 mM EDTA, 50 mM TriszHCl (pH 7.5), and
various concentrations of KCl at 258C. The reaction was started by
adding ATP, and the liberated inorganic phosphate was measured as
described (20).
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that the chimeric myosin forms a flexed conformation as
smooth HMM does.
Effect of Ionic Strength on the Sedimentation Velocity of the

Chimeric Myosin. To confirm the conformational transition of
the chimeric myosin, sedimentation patterns for smooth HMM
and chimeric myosin were measured in 0.01 and 0.4 M KCl
(Fig. 4). The sedimentation pattern of the smooth HMM
revealed a single symmetric peak under both conditions, whose
sedimentation coefficient (s20,w value) increased from 7.73 to
8.29 with decreasing KCl concentration. This is consistent with
the observation by Suzuki et al. (35) demonstrating the con-
formational transition of smooth HMM. Similarly, the s20,w
value of the chimeric myosin increased from 7.74 to 8.37 as the
KCl concentration decreased, indicating that the chimeric
myosin also adopts a flexed conformation at low ionic strength.
Electron Micrographs of the Chimeric Myosin. Smooth

HMM and chimeric myosin were also subjected to electron
microscopic study to further confirm the conformational tran-

sition. Consistent with the result of nondenaturing gel elec-
trophoresis, the chimeric myosin was predominantly double-
headed (Fig. 5 A and B). The structure of the chimeric myosin
molecules could be categorized into two types, i.e., an extended
form and a flexed form. In the extended form, the heads
extended away from the tail, whereas the heads oriented back
toward the tail in the flexed form. To statistically analyze the
distribution of these conformations, the height of the globuley
a-helix junction from the C-terminal end of the tail (h) was
measured for 300 molecules under each condition. The aver-
age h value for the chimeric myosin in 0.01 M KCl (46.1 6 4.1
nm) was significantly smaller than that in 0.4 M KCl (52.7 6
2.8 nm), indicating that the chimeric myosin tends to adopt a
flexed structure at low ionic strength, whereas a high ionic
strength favors the formation of a extended form (Fig. 5 C and
D), as was found for naturally isolated smooth HMM (data not
shown). Based upon these findings, it is concluded that the
formation of a folded structure of smooth myosin is deter-
mined by the regulatory domain and is not influenced by the
nature of the globular domain.

DISCUSSION

The present results clearly demonstrate that the light chain-
associated regulatory region solely confers the phosphoryla-
tion mediated regulation of the smooth muscle myosin motor
activity. Recently, it was found that the two-headed structure
of myosin is critical for the phosphorylation-mediated regu-
lation (23, 24, 34). Therefore, the present results imply that the
interaction between the two heads at the C-terminal portion of
S1 (the regulatory domain) but not at the N-terminal globular
motor domain is operating and critical for the regulation of
myosin motor activity by phosphorylation.
The production of chimeric smooth HMM, in which the

actin-binding loop is replaced with that of striated muscle
myosin, was recently reported (36). Their chimeric HMM was
unregulated constitutively, and it was claimed that the actin-
binding loop could confer isoform-specific properties onto

FIG. 4. Apparent sedimentation coefficient distributions for my-
osin fragments. Sedimentation velocity was determined in solutions
containing 2 mM MgCl2, 0.3 mM DTT, 1 mM ATP, 20 mM TriszHCl
(pH 7.5), 0.1 mgyml myosin fragment, and either 0.01 M or 0.4 M KCl.
The velocity runs were carried out at 56,000 rpm at 208C for smooth
HMM (A) and chimeric myosin (B). The x axis, s20,w

p is the apparent
sedimentation coefficient computed as described by Stafford (30, 31).

FIG. 5. Electron micrographs of the chimeric myosin molecules. The rotary-shadowed images of the chimeric myosin in 0.4 M KCl (A) and 0.01
M KCl (B). (A and B, 3100,000; bars 5 0.1 mm.) The distribution of the height of the globuleya-helix junction (h) in 0.4 M KCl and 0.01 M KCl
are summarized in C and D, respectively. The height was measured according to the schematic drawings for the extended form (E) and the flexed
form (F).
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myosin. However, these substitutions of actin-binding loop
significantly decreased both actin-activated ATPase activity
and actin-translocating activity of the phosphorylated forms.
Hence, it is plausible that the artificial substitution in the
closely packed globular motor domain of myosin affected the
proper folding of this region. Therefore, it is possible that the
chimeric myosins with foreign actin-binding loop are unregu-
lated due to the disruption of myosin conformation, which is
crucial for physiological regulation of smooth myosin. In
contrast, the phosphorylated form of the chimeric myosin
produced in this study has high actin-activated ATPase activity
similar to that of skeletal HMM, indicating that the substitu-
tion of the C-terminal long a-helix domain of S1 and S2 does
not affect the proper folding of the globular motor domain.
It is known that a folded structure of smooth myosin is

destabilized by light chain phosphorylation (8, 13), whereas
stabilization of the 6S conformation is not directly coupled
with activation of smooth myosin in vitro (37–39). Because
folded myosin cannot form thick filament, it has been
hypothesized that phosphorylation could dynamically con-
trol filament assembly in certain cell types (7, 13), whereas
assemblyydisassembly is unlikely to play a major role in
regulating the contractionyrelaxation cycle in smooth muscle
cells (40, 41). Several studies have revealed the molecular
basis of the conformational transition which is unique to
smooth muscle and nonmuscle myosins. Quite recently, it
was reported that two-headed structure is also critical for the
conformational transition (24, 42). It was shown that Arg16
and Arg13 of the RLC are critical for the formation of a
folded structure of smooth myosin (38, 39), and it was
proposed that these basic residues interact with the acidic
residues in myosin tail to stabilize a folded conformation and
that the negative charges of the phosphate moiety on Ser19
interfere with this charge interaction to destabilize the
folded structure (38). Consistent with the previous finding,
the present results demonstrate that the light chain-
associated region of myosin is critical and sufficient to
dictate 10S–6S conformational transition.
Another important finding is that ATPase cycle rate, thus

ATP hydrolysis rate or phosphate release rate, is uniquely
determined by the globular head domain of myosin. It should
be noted that the actin-translocating activity of the phosphor-
ylated chimeric myosin was significantly slower than that of the
smooth HMM. Uncoupling of the ATPase and actin-
translocating activity has been observed in Dictyostelium my-
osin mutants (43), truncated S1s (15, 16), and single-headed
smooth myosins (24, 34). It is generally accepted that the
actomyosin ATPase cycle is divided into two states, i.e., the
weak binding state and the strong binding state (44). Upon
ATP binding, myosin forms the weak binding state, which is
then followed by ATP hydrolysis. The conversion from the
weak binding state to the strong binding state is achieved by
phosphate release from myosin. The rate-limiting step of
ATPase cycle is thought to be in the weak binding state (45).
On the other hand, the actin sliding velocity is related to the
strong bound state but is not related much to the weakly bound
state. Therefore, it may be reasonable that actin translocation
and ATPase activity are determined by distinct structural
elements. The present finding is consistent with this notion and
supports the idea that the actin-translocating velocity is not
solely determined by the globular motor head domain, in
contrast to the enzymatic activity of myosin. While no artificial
amino acid residues are introduced into the chimeric HMM,
we cannot exclude the possibility that the two segregated
domains interact with each other and that the actin sliding
activity is somewhat inhibited due to the artificial junction
created in this chimera. Further study will be required to clarify
the molecular basis of these uncouplings between ATPase and
motility activities.
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